RNA Interference (RNAi) Studies in Helminth Parasites: Prospects and Pitfalls
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ABSTRACT


Introduction of double-stranded RNA (dsRNA) into some cells or organisms results in degradation of its homologous mRNA, a process called RNA interference (RNAi). The dsRNAs are processed into short interfering RNAs (siRNAs) that subsequently bind to the RNA-induced silencing complex (RISC), causing degradation of target mRNAs. The sequence-specific ability of RNAi to silence target genes has been extensively used to study gene functions and to control disease pathogens and vectors. Many helminths and parasites cause severe parasitic diseases in tropical regions and it is difficult to control once the host has been invaded. RNAi intracellularly can be highly effective in impeding parasitic development and proliferation within the host. RNAi can be utilized to analyze gene functions by reducing target gene expression without altering genotypes. Thus, RNAi can help us to enlighten better about the gene functions in parasites, for targeted drug delivery against a specific helminth and finding the vaccine candidates, and reducing the role of vectors to transmit diseases. As genes critical for pathogenesis of tropical diseases are knockdown via RNAi it is possible to control helminth infection. The success of this application relies on development of an optimal method for delivering a specific RNAi system into a particular organism and possible off-target effects should be minimized for specific gene suppression. To realize its full potential, the mechanisms of RNAi require characterizations for each vector and helminths.
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INTRODUCTION
RNA interference (RNAi) previously known as gene silencing is a technique of introduction of double-stranded RNA (dsRNA) into some cells or organisms which results in degradation of its homologous mRNA (Fire et al., 1998). It helps in analysis of gene function and has the potential in disease therapy, drug development and control of parasite transmission and development (Ullu et al., 2004). It appears Promising in silencing gene expression in parasites by a process of specific target mRNA interference. Commonly used methods of delivery of dsRNA include in Protozoans and helminthes its by Soaking and Electroporation where as in insects vectors with use of Micro-injection (Kang and Hong, 2008). However there are some practical obstacles when using RNAi in parasites. Like RNAi machinery may have been eliminated in certain parasites, so the presence of a RNAi pathway should be confirmed before utilization. An ideal delivery method should be established to generate optimal gene silencing and to reduce the non specific gene silencing.
DISCOVERY OF RNAi
Gene silencing was first discovered in petunias (Napoli et al., 1990). A phenomenon called co suppression occurred due to over expression of transgenic chalcone enzyme. This enzyme is responsible normal colouration of the flowers but the transgenic flowers which showed overexpression of this enzyme lost their normal pigmentation since the mRNA of the transgene and an endogenous chalcone enzyme gene were suppressed at the same time. This phenomenon was further investigated by Craig Mello and Andrew Fire who clearly demonstrated the gene-silencing technique in Caenorhabditis elegans called RNA interference in 1998 (Fire et al., 1998). For this discovery they were honored with Nobel Prize in Physiology or Medicine in 2006.

COMPONENTS OF RNAi
· Double-stranded RNA (dsRNA) which may be of exogenous, viral or transposans dsRNA.
· Dicer is a ribonuclease III enzyme which cleaves dsRNAs into ~22 bp small interfering RNAs (siRNAs).
· siRNA will induces the formation of RNA-induced silencing complex.
· Argonaute (AGO) family proteins which are the Center of RNAi mechanisms having PAZ, MID and Piwi domains which functions in transcript cleavage upon target recognition.
· RNA-dependent RNA polymerase (RdRp) catalyzes the synthesis of RNA from an RNA template.
· Systemic RNA interference-deficient (SID-1, SID-2) and RNAi spreading defective (RSD-4) are the proteins involved in cellular uptake and spread of dsRNA.
RNAi MECHANISM
RNAi involves 2 steps namely initiation and effector steps. In the initiation step, a long dsRNA is processed into small interfering RNAs (siRNAs) of ~ 21- to 25-nucleotide RNA fragments (siRNA) (Elbashir et al., 200; Nykanen., 2001) which is mediated by dsRNA-specific ribonuclease, named Dicer this process requires energy in the form of ATP. In the effector step, the double-stranded siRNAs are incorporated into a protein complex called RNA-induced silencing complex (RISC). RISC is then proposed to undergo an ATP-dependent activation step that results in the unwinding of the double-stranded siRNAs. Activated RISC uses a single-stranded siRNA as a guide to identify complementary RNAs and an endoribonuclease then cleaves the target RNA across from the centre of the guide siRNA. Finally, the cleaved RNA is probably degraded by exoribonucleases (Tomari et al., 2004).

RNAi IN HELMINTHS
Parasitic helminths can be controlled by use of RNAi technique which will silence the critical genes necessary for normal physiological development of the worms. It can be used to study the gene functions in helminths just as it has been employed in other organisms. RNAi identified genes can be used as targets for vaccine and drug development which is a promising therapeutic application.

At present 10 species of animal parasitic helminth have been studied for RNAi effects (Geldhof et al., 2007). This is somewhat surprising considering the fact that Caenorhabditis elegans a soil nematode was the first organism in which dsRNAs were proven to be an RNAi inducing factor and it has served as a model organism to characterize the RNAi phenomenon. Animal parasitic helminthes which are used for studying the RNAi has been briefly described hereunder.
RNAi IN NEMATODES 
Nippostrongylus brasiliensis, was the first animal nematode for which RNAi effects were reported. RNAi experiment was done to target and suppress acetyl choline esterase gene expression. By targeting AchEs with 240 bp of dsRNAs, AchEs were suppressed by more than 90% and the effects of silencing lasted for 6 days which suggested effective suppression of gene expression by use short. This was the first experimental evidence for a a successful RNAi effect in a animal helminth parasite (Hussein et al., 2002).

RNAi in Brugia malayi suggested a more promising control method while targeting housekeeping genes (β-tubulin and RNA polymerase II large subunit). It was reported that 300 bp long dsRNA was effective enough to result in death of the filarial worm. B. malayi is an important lymphatic filarial nematode and it is difficult to block their transmission by vectors like mosquitoes. This lethal effect of RNAi was proved to be a potential control system for B. malayi (Aboobaker et al., 2003).

Functional RNAi-knockdown was reported in L3 larvae of Onchocerca volvulus. Lustigman et al, (2004) targeted cathepsin L and cathepsin Z-like cysteine proteases that play important roles in L3 to L4 larvae for molting. Soaking the third-stage larvae (L3) in a dsRNA solution reduced the molting rate by 92% for cathepsin L and 86% for cathepsin Z-likecystenine proteases which delayed the molting process by few days and contributed significantly in the reduction of L3 larvae viability in O. volvulus.
Functional Gene silencing of inorganic pyrophosphatase of the nematode parasite, Ascaris suum resulted in inhibition of molting of larval stage L3 to L4 by 31% (Islam et al., 2005). Although the inhibition rate was comparatively lower than that of O. volvulus, this will significantly contribute to the RNAi phenomenon in Ascaris worms which can be further exploited as a model system to study RNAi in human ascariasis.
Issa et al, (2005) conducted RNAi experiment using siRNA and three different delivery methods in gastrointestinal nematode of sheep Trichostrongylus columbriformis they suggested that siRNA and electroporation are more efficient molecules and suitable delivery method to induce gene silencing by RNAi. The methods used for delivery were feeding heterologous Escherichia coli having dsRNA, soaking of siRNA or dsRNA, and electroporation of siRNA or dsRNA. Ubiquitin and tropomyosin genes were targeted in their study since their DNA sequences are well conserved and readily available. They found that by feeding method tropomyosin gene expression was suppressed but not the ubiquitin and in electroporation and soaking methods both the gene expression was reduced. 
A variety of RNAi conditions were tested to optimize RNAi effects in Haemonchus contortus, a barberpole worm. Various life stages (L1- L4 and adult), 11 genes ( β-tubulin, sec-23, Ca2+ binding protien, Heat Shock Protein (HSP70), vacuolar ATPase, cathepsin-L, paramyosin, Cu-Zn superoxide dismutase, intermediate filament, type IV collage and GATA transcription factor) and 3 different RNAi delivery methods (feeding, soaking and electroporation) were tested in this organism to investigate RNAi. Two β -tubulin genes that were targeted by RNAi affected 3 life stages (L3, L4 and adult) and soaking method reduced target gene transcripts, though motility and viability was reduced in the L3 stage I (Geldhof et al., 2006).

Geldhof et al. tested RNAi effects on 11 different genes of the L1-L3 stages by 3 different delivery methods in H. contortus. Feeding method was not efficient in reducing target gene transcripts, similar to previous data in Trichostrongylus. Only two transcripts (β-tubulin and sec-23) out of 11 genes in the L3 stage were significantly reduced by soaking in dsRNA. No phenotypic change was noticed in the L3 larvae soaked in siRNA, and few control siRNA was even toxic to the L1 / L2 larvae (Issa et al., 2005).

Electroporation was effective in reducing target gene transcripts in L1 larvae, as β-tubulin and superoxide dismutase transcript levels were notably decreased. However, even in the presence of control dsRNA larval death was observed in the L1 / L2 stage by electroporation, suggesting either electroporation is not a stable delivery method to this stage or current electroporation protocols for this stage are not optimal for analyzing RNAi effects.

Similarly, eight genes were tested in the L1 and L3 larval stages of Ostertagia ostertagi, a cattle parasitic nematode, by electroporation and soaking as methods of delivery. Major reduction in the level of expression was observed in five out of eight target genes (tropomyosin, -tubulin, ATPase, superoxide dismutase and a polyprotein allergen) in L3 larvae, and in the rest three genes viz., transthyretin-like protein, a 17 kDa ES protein and ubiquitin reduction of expression was not achieved. Among the two delivery methods electroporation was less effective, as only two genes (tropomyosin and β-tubulin) expression was inhibited and these results were not even reproducible which  indicates that  RNAi delivery method will require further optimization to achieve consistent results (Visser et al., 2006).

RNAi IN TREMATODES 
The RNAi study in trematodes mainly emphasized on blood fluke Schistosoma mansoni which affects human beings leading to chronic illness and mortality. Initially cathepsin B gene was targeted which is previously proposed to be responsible for degradation of host hemoglobin to digestible peptides. Soaking was used as delivery method which resulted in reduced target gene expression and successive studies suggested electroporation as an alternative way to introduce dsRNA, and reduction of transcript levels of cathepsin B in schistosomula was demonstrated. With advent of RNAi research era it was proved that cathepsin B is responsible for parasite growth, and not a mandatory for hemoglobin digestion (Correnti et al., 2005).

RNAi was used to test another gene function in the sporocyst developmental stage of schistosomes. Boyle et al, (2003) targeted schistosome glucose transporter gene SGTP1, a facilitated diffusion glucose transporter and glyceraldehyde-3-phosphate dehydrogenase (GAPDH. They observed that RNAi effects in the form of reduced level of expression of both genes which were transferable from miracidium, a freeliving larval stage to sporocyst stage in the life cycle of schistosomes. Interestingly, when dsRNAs were introduced at the sporocyst stage, the reduction was not observed, indicating RNAi is not effective when introduced into this developmental stage (Tabara et al., 1998).

Later RNAi was utilized to reduce transcripts of scavenger receptors that are known to be important for the binding of low-density lipoprotein to the surface of schistosomula and adult S. mansoni (Dinguirard et al., 2006). Because the parasites cannot synthesize sterols and fatty acids, uptake of host-lipoprotein by scavenger receptors is critical in the synthesis of biological membranes. Miracidia were soaked in dsRNA targeting the scavenger receptors for six days and this resulted in a 60-70% reduction in the level of target gene expression which affected normal development and morphology in sporocysts and a shorter length in larval size.

Subsequently RNAi was also used in Schistosoma japonicum, targeting the gynecophoral canal protein SjGCP. Schistosomes cannot develop without correct signaling during sexual pairing, so disruption of pairing would be good target in order to control schistosomes (Hoffmann, 2004). It is known that S. mansoni GCP, an ortholog of SjGCP, is related to pairing and produced only by males. The target gene transcripts were reduced by 75% so that pairing was disrupted which will inhibit the development of schistosomes in the host. This study suggested a potential therapeutic application of RNAi in S. japonicum.
The role of cysteine proteases in parasitic invasion was validated in an assay using RNAi directed against cathepsins L and B in Fasciola hepatica (Rinaldi et al., 2008). Recently in Moniezia expansa- robust knock-down of abundant gene transcripts is achieved using long dsRNAs following short exposure times (Pierson et al., 2010).

RNAi IN DRUG TARGET DISCOVERY IN HELMINTH PARASITES
RNAi screen is a less demanding method for drug target studies in helminths compared to forward genetic research (Shuey et al., 2002).  However, RNAi machinery requires complicated dsRNA delivery process. As the RNAi machinery is well characterized in C. elegans which can be used as a model system for providing a potent tool for unveiling gene functions in other nematodes via comparative genomics.

This approach has been recently demonstrated in B. malayi. Using sequence analyses and comparisons including gene functional studies with RNAi about 589 B. malayi genes were identified as being critical to the survival of this important filarial nemaotode parasite representing potential targets for antifilarial drug discovery. Interestingly, among those 589 genes, 10 out of top 40 candidates were already previously known to be promising targets for the drug discovery because of their roles in molting, central metabolism, and structural components (Jones et al., 2005). This method may be realistic only for animal parasitic nematodes whose genomes are fully sequenced such as B. malayi. Thus, genome sequencing of important helminths should be a prerequisite for this model animal based drug target studies.

Current hurdles and future prospects of RNAi in helminths

RNAi is successful only in C. elegans, but with other helminths it has been either impossible or inconsistent (Geldhof et al., 2007). Disagreement of results of RNAi in parasitic helminths may be due to different delivery methods employed for introducing dsRNAs into helminths (Geldhof et al., 2006). There appears to be no consensus as to which is the most efficient delivery method to induce RNAi gene silencing in parasitic helminths. All major methods commonly used for RNAi in C. elegans have their drawbacks while using in other parasitic helminths. Absence of SID-1, SID-2, and RSD-4 proteins in some parasitic helminths these proteins are involved in cellular uptake and spread of dsRNA in the organisms (Peterson et al., 2007).  Off target effects of RNAi may be of over-dose lethality and toxic effects due to long exposure time to dsRNA or injury by electroshock.

Certain modifications or improvements for the RNAi delivery methods may be required in animal parasitic helminths (Viney and Thompson, 2008). Firstly, one may be able to trigger RNAi by microinjection of dsRNA into the pseudocoelom of parasitic helminths if failure of RNAi by soaking or feeding is due to the absence of sid-2 orthologs in the gut lumen. Microinjection can bypass barriers of dsRNA uptake in the lumen, making RNAi possible in helminth parasites.
Secondly, RNAi may be feasible in sid-1 or 2-deficient parasitic helminths by heterologous expression of sid-1 and / or sid-2 of C. elegans as shown by Winston et al. In C. briggsae, for example, there is no functionally conserved sid-2 and RNAi by soaking or feeding is thus impossible. However, transformation of C. briggsae with C. elegans sid-2 allowed the uptake of dsRNA from the lumen in soaking experiments, generating systemic RNAi in C. Briggsae (Winston et al., 2007).
Finally the question arises is that why are not animal parasitic nematodes like C. elegans? It may be because of many reasons like different lifestyles of animal parasitic nematode and their exposure to viruses and other sources of foreign nucleic acids. Risk of exposure to and damage from nucleic acids may be greater for nematodes in animal hosts than it is for nematodes in plant hosts. One can speculate that this may be related to differences in the ecology of these species, about which little is currently known.

FURTHER CONCERN ABOUT OPTIMIZIATION OF RNAi IN HELMINTH PARASITES
· Presence of fully functional RNAi pathway

· Optimized culture conditions to maintain target parasite stage. 
· Measures for maximum uptake of dsRNA.

· Transferrable nature of dsRNA to subsequent developmental stages in the lifecycle.

· The target gene expression site 
· The target gene expression level 
· The capacity of RNAi to spread in the tissues where parasites are lodged.

· The infectivity of RNAi – treated parasites to be examined in vivo (Knox et al., 2007).

CONCLUSIONS
RNAi techniques have the potential to revolutionize genetic manipulation and the development of therapeutic and control applications in helminths. RNAi can help us better understand gene functions in helminths, find drug targets and vaccine candidates. The success of this application relies on development of an optimal method for delivering a specific RNAi system into a particular organism. Factors causing off-target effects should be identified and avoided to ensure effective gene knockdown. Gene silencing by RNAi has an exciting potential to study gene functions and to suppress gene expression for disease control. To realize its full potential, the mechanisms of RNAi require further characterizations for each important helminth parasites.
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